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ABSTRACT 

Biodiesel is one of the most widely renewable fuels currently used, and it stands as a substitute for diesel fossil fuel. Nowadays, 
microalgae seem to be the only renewable feedstock, whose high productivities are able to satisfy the world demand for transport fuels. So, it is 
important to identify new microalgae species, and to make studies in order to optimize the cultivation, biomass concentration and oil extraction 
steps on biodiesel production. In the present study, a scale-up of the photoautotrophic cultivation of microalgae Monoraphidium sp. and 
Scenedesmus sp. was successfully made, and an evaluation of different lipid extraction conditions was carried out, for their application on 
biodiesel industry. Microalgae were cultivated in outdoor flat plate photobioreactors, a lipid content and a biomass productivity of 21.5 % and 
100.36 mg.L-1.d-1 for Monoraphidium sp., and of 15.5 % and 94.50 mg.L-1.d-1 for Scenedesmus sp., were, respectively achieved. The effect of 
acid hydrolysis on lipid extraction through modified Bligh&Dyer method was determined, and it was shown that there is a significant difference 
between the cell wall composition of the different microalgae in study. The variables affecting oil extraction process were evaluated, through 
statistical analysis. It was shown that the best condition, that lead to a high lipid content, is a biomass:etanol (w/v) ratio of 1:20, temperature of 
90 ºC and extraction time of 90 min. Biodiesel was obtained by transesterification of the extracted lipids, and his FAME profile was analysed. 
The both high, C16 and C18, and saturated fatty acid, content indicated the quality of the biofuel produced. The results of this study, shows that 
microalgae Monoraphidium sp. and Scenedesmus sp. can be efficiently used for biodiesel production. 
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1. Introduction 

More than half of the fossil energy available is used in the 

transport sector, with this being the sector that mostly contributes for 

the emission of greenhouse gases (GHG) to the atmosphere [1], 

responsible for the global warming. It’s expected that, in the future, 

this sector will struggle due to the rise of oil cost, the limitation of fossil 

sources and the increase number of vehicles that uses fossil fuel [2]. 

Biofuels are a viable solution because they have a neutral carbon 

dioxide (CO2) cycle, which leads to a reduction on GHG emissions [3]; 

their feedstocks are readily available [2]; and their physicochemical 

properties are very similar to fossil fuels, so there’s no need to make 

changes in the technology of production, distribution and motors, that 

already exists [4]. Biodiesel is the liquid biofuel which utilization leads 

to a higher reduction on GHG emissions [5], and, chemically, it’s 

defined as mono-alkyl-esters of long-chain-fatty-acids derived from 

renewable lipid sources [6]. Pure biodiesel is named B100, while a 

petroleum diesel blended with 20% of biodiesel is named B20. 

Besides of the reduction on GHG emission, biodiesel also doesn’t 

contain neither aromatic or sulfur compounds, and so it doesn’t 

contribute to acid rains [7]; it’s biodegradable, renewable and non-

toxic [8]. In Europe Union, biodiesel production represents 82% of the 

total biofuels production and is still growing, not only in Europe, but 

also in Brazil and United States [4].  Biodiesel is currently produced 

from oil crops and animal fat, however these supplies account for only 

0.3% of the current demand for transport fuels [9]. In the last years, 

there has been a lot of interest on microalgae as a feedstock for 

biodiesel production, as they can accumulate a large amount of oil, 

sometimes exceeding 80% of their dry weight. Microalgae grow 

extremely rapidly and commonly double their biomass within a few 

hours [10], they can be grown almost in any environment, don’t 

require large cultivation areas and they don’t compete with food crops 

[4]. For all of these reasons, it’s believed that producing biodiesel from 

microalgae is one of the most efficient ways of generating biofuels, 

and also that it represents the only current renewable source of oil 

that could meet the global demand for transport fuels [9]. 

Microalgae are like small cell factories [11] that convert light, 

water and CO2, into biomass, which can be converted into high value 

products such as biofuels, foods, cosmetics, etc. Biodiesel production 

from microalgae biomass involves fundamental steps, starting with 

the choice of the microalgae specie, cultivation, harvest and 

concentration of the biomass, biomass drying, lipid extraction and 

reaction to produce biodiesel. Most of the studies with microalgae are 

made in the lab, therefore, in order to obtain a significant amount of 

biodiesel, it’s necessary to scale-up. To do that, cultivation step is 

carried out in larger systems, whether in opened system, like open 

pond and raceway pond, or in closed system, that include tubular, flat 

plate and column photobioreactors. Depending on the sources of 

energy and carbon, microalgae can be cultivated under 

photoautotrophic, heterotrophic or mixotrophic mode. In 

photoautotrophic cultivation, microalgae use light as a source of 
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energy and CO2 as a source of carbon, and through photosynthesis, 

transform them in chemic energy to produce biomolecules [12]. In 

heterotrophic cultivation, cells require only organic compounds, as 

source of energy and carbon, to grow [4]. In mixrotrophic cultivation, 

microorganisms are able to use both light and organic compounds as 

a source of energy and carbon [3]. Microalgae harvesting and 

biomass concentration contributes 20 – 30% of the total production 

cost [3] [4], and generally requires more than one solid-liquid 

separation step. Techniques like flocculation, flotation and gravity 

sedimentation are commonly used to remove excess of water, 

reducing culture volume. After that, the slurry is concentrated through 

techniques such as centrifugation or filtration [3].  Biomass drying is 

an optional step. However, there are evidences that the presence of 

residual water in microalgae biomass negatively affects the efficiency 

of lipid extraction step, as water forms a barrier between the cell and 

organic solvents [13]. Lyophilization, sun drying, spray drying and 

drum drying, are some of the drying methods that have been used for 

microalgae [14]. One of the main obstacles to fully taking advantage 

of lipid-producing microalgae is the ability to successfully and 

efficiently extract oil from them [15]. Lipid extraction methodologies 

need to display a high level of specificity towards lipids, namely 

towards triacylglycerol (TAG), in order to minimize the co-extraction of 

contaminants, as well as purification steps [13]. Since most 

microalgae are protected by a cell wall, sometimes it’s necessary to 

apply cell disruption techniques [16], in order to facilitate solvents 

access to the lipids. Some organic solvents, like benzene, 

ciclohexane, hexane, acetone and chloroform, are able to dissolve 

and extract lipids from microalgae cells. Traditionally, lipids have been 

extracted using the Bligh&Dyer method, with a combination of 

chloroform, methanol and water. This procedure has been used as a 

benchmark for comparison of solvent extraction methods. However, 

this method is not suitable for large scale processes, as significant 

quantities of waste solvent are generated, which makes solvent 

recycling costly and raises safety concerns [15]. Alternatively, 

Soxhlete extraction, Supercritical fluid extraction and Ionic liquids, 

have been employed to extract oil from microalgae [15] [13]. Once the 

oil is extracted, it can be converted to biodiesel through: 

transesterification, esterification [19], hidroesterification, pyrolysis [18], 

dilution or microemulsion [19]. Transesterification is the most applied 

process to produce biodiesel, where a simple alcohol, generally 

methanol or ethanol, reacts with TAGs in the presence of a catalyst, 

to form glycerol and biodiesel [11], also known as fatty acid methyl 

esters (FAME) or fatty acid ethyl esters (FAEE), depending on the 

alcohol used. Due to the fact that there is a difference between 

biodiesel and glycerol densities, it’s easy to separate these two 

phases with simple operations such as gravitational settling or 

centrifugation [20]. The remained impurities in the biodiesel, are 

removed by wet or dry washing. In the first one, water is used, while 

in the second method, water is replaced by an ion exchange resin or 

a magnesium silicate powder to neutralize impurities [21]. Apart from 

these, many other methods have been applied with success [20].  

In additional to oils, microalgae contain significant quantities of 

proteins, carbohydrates and other nutrients. In this context, 

microalgae biomass can be used in a biorefinery, to produce 

biodiesel, animal feed, biogas and electric power [11]. 

In the present work, the potential of two green microalgae, 

Monoraphidium sp. and Scenedesmus sp., to produce biodiesel is 

investigated, through the evaluation of photoautotrophic cultivation 

scale-up, and FAME profile of the biodiesel obtained. In addition, acid 

hydrolysis pre-treatment effect, on lipid extraction by modified 

Bligh&Dyer method, was investigated. Moreover, a statistical analysis 

was made, in order to determine the effect of temperature, time and 

biomass:ethanol (w/v) ratio on lipid extraction step.  

 

2. Materials and Methods 

2.1. Microorganism 

Microalgae Monoraphidium sp. MORF-01 and Scenedesmus 
sp. SCIB-01, were gently provided by Laboratory of Ecophisiology 
and Toxicology of Cyanobacterium (LETC) from Carlos Chagas Filho 
Biophysics Institute, UFRJ. Microalgae were harvested on Ibirité Lake 
(20º 01’ 19’’S 44º 03’ 32’’O), Minas Gerais, Brazil. 

 

2.2. Culture media 

Microalgae were cultivated in ASM-1 medium composed by 
(mg.L-1): NaNO3, 170; MgSO4.7H2O / MgSO4 Anhydrous, 49.0/24.0; 
MgCl2.6H2O / MgCl2 Anhydrous, 41.0/19.18; CaCl2.2H2O, 29.0; 
KH2PO4, 17.4; Na2HPO4.12H2O, 35.6; FeCl3, 0.65; H3BO3, 2.48; 
MnCl2.4H2O, 1.39; ZnCl2, 0.335; CoCl2.6H2O, 0.019; CuCl, 0.0014; 
Na2EDTA.2H2O, 8.24. Initial pH was ajusted to 8.0. 
 
2.3. Microorganism preservation 

From the original cultures, 5 mL were transferred into a 250 mL 
flask, with 195 mL of ASM-1 medium, and microalgae grown for 4 
days, under an aeration of 1.0 L.min-1, photoperiod of 12h, 
temperature of 23 ºC and light intensity of 400 µmol of foton.m-2.s-1. 
After, culture was transferred to 15 mL glass tubes and preserved in 
an incubator B.O.D. 411D (Nova Ética), at 23 ºC, 12h photoperiod 
and 80 µmol.m-2.s-1. 

 
2.4. Cultivation scale-up 

Scale-up of each microalgae specie culture was made by 
consecutive transfers into larger systems of photoautotrophic 
cultivation. First, 5 mL of preservation culture were transferred into a 
250 mL flask, with 195 mL of ASM-1, and grown for 4 days, under 23 
ºC, 1.0 L air.min-1, 12h photoperiod, 400 µmol of foton.m-2.s-1. Then, 
200 mL of this culture was transferred into a 1 L flask system, with 
800 mL of ASM-1 medium, and cells were grown during 11 days 
under the same conditions described above. Finally, this culture, 
named pre-inoculum, was transferred into a 20 L carboy system, with 
18 L of ASM-1 medium, and phototrophic cultivation was carried out 
for 21 days, under an aeration of 8 L.min-1, 23 ºC, 12h photoperiod 
and light intensity of 400 µmol foton.m-2.s-1. Cells were counted each 
day, and dried weight determined every three days.  

 
2.4.1. Biomass harvest, concentration and lyophilization 

After cultivation in carboy system, cultures settled down for 24h, 
excess of water was removed and biomass concentrated by 
centrifugation (Excelsa® II, Mod. 206BL, FANEM®). Concentrated 
biomass was frozen and afterwards lyophilized (Free Zone 4.5, 
LABCONCO) under vacuum, at -43 ºC, for 48h. Dried biomass was 
stored at 4 ºC. 

 
2.5. Cultivation in Flat Plate Photobioreactors 
Each microalgae specie was cultivated outdoors, in batch mode, in 30 
flat plate photobioreactors (FPPs), each one with 1.2 x 0.8 x 0.11 m 
(length x height x thickness). FPPs were disposed in three series of 
10 photobioreactors. Four carboy system cultivations were carried out 
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for 8 days, and 72 L were transferred into FPPs, with 1008 L of 
treated water and 20 L of ASM-1 medium. Cultivation was carried out 
for 7 days, with recirculation, under automatic control, with maximum 
temperature of 30 ºC, pH 8 controlled by injection of CO2, aeration of 
1 L.min-1 in each photobioreactor, and solar light. Cellular density and 
dried weight were determined every day.  
 
2.5.1. Biomass harvest, concentration and lyophilization from 

FPPs   
      After cultivation, biomass was sent, through a pipe, to a storage 
tank, and then it was concentrated by filtration (membrane porosity 
0.4 µm). Biomass was lyophilized and stored at 4 ºC. 
 
2.6. Evaluation of the effect of operational parameters in oil 

extraction 
2.6.1. Experimental design 
      A central composite design was made for a confidence interval f 
95%, using STATISTICA 7.0, to evaluate the effect of the variables of 
temperature, time and biomass/ethanol (w/v) ratio. A total of eleven 
experiments were obtained, for each microalgae specie, with three 
replicas of the central point. 
 

Table 1 - Experimental design of the variables studied. 

Independent variables -1     0 1 

Biomass:etanol ratio (g:mL) 1:4 1:12 1:20 

Time (min) 10 50 90 

Temperature (ºC) 30 60 90 

 

2.6.2. Experimental set-up  
      Before using dried biomass, humidity content was determined. In 
all experiments, 1 g of dried biomass was weighted in a 125 mL flask. 
Scenedesmus sp. biomass was first submitted to acid hydrolysis, by 
adding 12.5 mL of HCl 2M and put in thermal bath at 80 ºC, for 1h. 
After that, the mixture was centrifuged at 2000 rpm, for 15 min, and 
the acid separated from the biomass. From here, the procedure was 
the same for Scenedesmus sp. and Monoraphidium sp. biomass. The 
flask containing biomass was put in an oil bath, heated by a heating 
plate with mixing (IKA® C-MAG HS7) at level 3. Inside the flask, it 
was put a magnetic bar so that the reaction was uniform. The volume 
of ethanol indicated for the experiment was added, the flask was 
closed and the time started to count. After the reaction time, the 
mixture was transferred to a falcon tube, and hexane was added (1:1 
(v/v) to ethanol). The mixture was mixed in vortex (IKA® MS 3 basic) 
for 1 min, then 5 mL of Milli-Q water was added, mixed again for 1 
min and centrifuged for 15 min at 2000 rpm. Three phases were 
formed, and the top one was transferred to a flask with curve bottom, 
weighted before. This phase was evaporated in a rotatory evaporator 
(RV06 ML IKA® WERKE) with thermal bath (HB4 basic IKA 
LABORTECHNIK) at 75 ºC. The flask with lipids was dried in oven at 
60 ºC, until weight was constant, and lipid content was determined. 
 
 
2.7. Biodiesel production by transesterification 

Transesterification was carried out by adding 80 g of oil 

extracted from Monoraphidium sp. and Scenedesmus sp., to 

methanol in a relation of 4:1, and 4 g of potassium hydroxide. The 

reaction was performed at 45 ºC, 100 rpm, for 60 min. Water was 

added to the mixture, to separate the phases, and biodiesel was 

separated by gravity settling, and washed with three volumes of water 

and 0,08% of phosphoric acid to remove the catalyst and remaining 

alcohol. 

  

2.8. Analytic methods 

2.8.1. Cell density determination 

Microalgae cells were counted in an optical microscope 

(Olympus SC30), using a Fuchs – Rosenthal chamber. 

 

2.8.2. Dry weight determination  

The cells were collected onto preweighted, previously washed 

with distilled water and calcinated at 575 ºC for 1h, Whatman paper 

filter (0.22 µm pore size; diameter 44 mm) by filtering algal culture, 

and washed with a NH4HCO3 0.25M solution. The cells on the filter 

paper disks were dried in oven at 60 ºC for 1h, and left in cooling 

chamber until weight was constant. Paper filter with cells was 

calcinated and left in cooling chamber until weight was constant, for 

discount of ashes and dry weight was determined. 

 

2.8.3. Humidity content determination 

A glass recipient was dried in oven at 102 ºC, for 1h, and left in 

cooling chamber until constant weight. Then, 2 g of dry biomass was 

put in the recipient, dried in oven at 65 ºC for 24h, left in cooling 

chamber until weight was constant, and humidity content was 

determined. 

 

2.8.4. Total lipid content determination 

      Total lipid content was determined by a modified Blight&Dyer 

method. First, biomass was submitted to acid hydrolysis, by adding 5 

mL HCl 2M to 400 mg of biomass in a falcon tube, mixing, and left in 

thermal bath at 80 ºC for 1h. The mixture was centrifuged at 2000 

rpm, for 15 min, and acid was taken out with Pasteur pipette. For 

extraction, 4 mL of methanol was added to the biomass left in the 

tube, and mixed. Then, 2 mL of chloroform was added, and mixed for 

2 min, and again 2 mL of chloroform and mixed for 2 min. Finally, 3.6 

mL of Milli-Q water was added, the mixture was carried out, in vortex, 

for 2 min, and centrifuged at 2000 rpm for 15 min. Three phases were 

formed, and the bottom one was transferred, with a glass pipette, to a 

flask with curve bottom. A re-extraction was made by adding 4 mL of 

10% (v/v) methanol in chloroform solution to the remained phases in 

the tube. The mixture was carried out in vortex for 2 min, centrifuged 

for 15 min, at 2000 rpm, and the bottom phase was transferred to the 

flask. Re-extraction process was repeated. The bottom phase in the 

flask was evaporated at 75 ºC, in rotatory evaporator, and dried in the 

oven for 12h until weight was constant, and total lipid content was 

determined. 

 

2.8.5. Biomass productivity, specific growth rate and lipid 

productivity determination 

          Biomass and lipid productivity, and specific growth rate were 

determined as described in Andersen (2005), with equations 

 

𝑃𝑋 =  
𝑋𝑓𝑖𝑛𝑎𝑙 − 𝑋𝑖𝑛𝑖𝑡𝑖𝑎𝑙

𝑡𝑓𝑖𝑛𝑎𝑙 − 𝑡𝑖𝑛𝑖𝑡𝑖𝑎𝑙
 

𝑃𝐿 =  𝐿𝐶 ×  𝑃𝑋 
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𝜇𝑋 =  
ln

𝑋𝑓𝑖𝑛𝑎𝑙

𝑋𝑖𝑛𝑖𝑡𝑖𝑎𝑙

𝑡𝑓𝑖𝑛𝑎𝑙 − 𝑡𝑖𝑛𝑖𝑡𝑖𝑎𝑙
 

𝑃𝑋 is biomass productivity (mg.L-1.d-1), 𝑃𝐿  lipid productivity 

(mg.L-1.d-1), 𝑋𝑓𝑖𝑛𝑎𝑙  final biomass (mg.L-1), 𝑋𝑖𝑛𝑖𝑡𝑖𝑎𝑙  initial biomass 

(mg.L-1), 𝑡𝑓𝑖𝑛𝑎𝑙  final time (day), 𝑡𝑖𝑛𝑖𝑡𝑖𝑎𝑙  initial time (day), 𝜇𝑋 specific 

growth rate (day-1) and 𝐿𝐶lipid content.  

2.8.6. FAME profile determination 

      FAME profile was determined by Gas Chromatography 

(Shimadzu, model 2014), with Split injector at 250 ºC, flow rate of 20 

mL.min-1, FID detector at 250 ºC, oven at constant temperature of 200 

ºC, capilar column (Carbowax 20M, Quadrex) in stationary phase of 

polyethylene glycol and dimensions of 30m x 0.32 m x 0.25 µm.  

 

3. Results and Discussion 

3.1. Cultivation scale-up  

Scale-up of cultivation of Monoraphidium sp. and Scenedesmus 

sp., from small systems to carboy system, was successfully done. In 

figure 1, both growth kinetic and evolution of dry biomass 

concentration are shown.  

 
 

 

 

 

 

      Monoraphidium sp. cultivation had a specific growth rate of 0.306 

day-1 and a cellular productivity of 5.69 x 105 cells.mL-1.d-1, 

considering the 21 days. While Scenedesmus sp. cultivation had a 

productivity of 6.52 x 105 cells.mL-1.d-1 and a lower specific growth 

rate of 0.142 day-1. For both cultivations, the dry biomass 

concentration increased and, in all samples, Scenedesmus sp. had a 

higher concentration. It was shown that Monoraphidium sp. had the 

maximum cell productivity, of 1.14 x 106 cells.mL-1.d-1, at 10th day, but, 

despite cells stop multiplying themselves, they continued to increase 

their weight. Maximum productivity of Scenedesmus sp., 7.7 x 105 

cells.mL-1.d-1, only was reached on 18th day. Janta et al. (2003) 

reported similar productivities for these microalgae, for a cultivation 

period of 20 days, in 10 L systems, at room temperature and constant 

illumination and aeration.  

       To evaluate general performance of a microalgae specie, it’s 

important to look to their biomass and lipid productivities [22]. 

Biomass and lipid productivities, as well as lipid content, were 

determined for both microalgae. In all of these parameters, 

Scenedesmus sp. was superior, as shown in figure 2. 

 

Figure 2 – Dried biomass productivity (DBP), Lipid productivity (LP) and lipid 
content (LC) of microalgae Monoraphidium sp. and Scenedesmus sp. 
cultivated in carboy system. Error bar represents standard deviation of three 
replicas made.  

      In this study, Monoraphidium sp. had a biomass productivity of 30 

mg.L-1.d-1, very closed to the one obtained to Scenedesmus sp., of 31 

mg.L-1.d-1. For lipid productivity, results were very different, with 5.85 

and 11.16 mg.L-1.d-1, respectively. Previously studies have shown that 

higher lipid contents are usually associated to low specific growth 

rates. Furthermore, these low growth rates lead to overall low 

productivities [23]. The results of this study are in concordance with 

the aforementioned. In fact, Scenedesmus sp. had a high lipid content 

of 35.1%, but a really low specific growth rate, however productivities 

were higher than the ones obtained for Monoraphidium sp. But not 

always results have that tendency. Zhao G. et al. (2012) cultivated 

microalgae Scenedesmus quadricauda, in a 2.3 L photobioreactor, 

with aeration of 1.2 L.min-1, 27 ºC and light intensity of 73 µmol.m-2.s-

1, for 14 days. They verified a specific growth rate of 0.477 day-1 and a 

biomass productivity of 80.1 mg.L-1.d-1. Sánchez-García, et al. (2013) 

cultivated Monoraphidium contortum under phototrophic conditions 

and different nitrate concentrations. They found a lower lipid content 

of 9.6%, however biomass and lipid productivities were very similar to 

the ones observed in this study for Monoraphidium sp.. Some studies 

indicate that heterotrophic cultivation leads to better results than 

photoautotrophic [3]. Microalgae Chlorella protothecoides showed a 

lipid content of 15% when was photoautotrophically cultivated, 

0
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Figure 1 - Growth curve and dry biomass concentration of (A) 

Scenedesmus sp. and (B) Monoraphidium sp. during photoautotrophic 
cultivation in outdoors flat plate photobioreactors. Error bars represent 
standard deviation of the three replicas made in cell counting and biomass 
determination. 
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however, when cultivated under heterotrophic conditions, she showed 

a higher content of 55% [24]. Only some microalgae species are able 

to grow heterotrophically [25], and this mode of cultivation represents 

a higher economic and energy investment [26], and also has an 

increased risk of contamination due to the external source of carbon 

used [27]. For these reasons, photoautotrophic cultivation is the most 

used in the cultivation of microalgae at commercial scale [26]. Another 

way of improving productivities in photoautotrophic cultivation, is by 

CO2 enrichment of supplied air, and by nutrients and minerals 

optimization [9].   

      At the end of cultivation in carboy system, cells were collected by 

natural gravity settling, removal of excess of water and centrifugation. 

Then, concentrated biomass was lyophilized, and dried biomass was 

obtained with a humidity content of 3.30±0.26% and 2.20±3.45%, for 

Monoraphidium sp. and Scenedesmus sp., respectively. These are 

acceptable contents and are mainly due to the biomass storage 

conditions.  

 

3.2.  Cultivation in outdoor FPPBs 

To investigate growth characteristics of Monoraphidium sp. and 

Scenedesmus sp. under outdoor conditions, and the viability of 

cultivation scale-up, the two microalgae were cultivated in 30 FPPBs, 

during summer, which allowed a good sunlight incidence and, as a 

result, a good cell growth, as shown in figures 3 and 4. 

 

   

 

 

 

 

 

 

 

 

 

 

 

 
Figure 4 - Growth curve and dry biomass concentration of (A) 
Monoraphidium sp. and (B) Scenedesmus sp. during photoautotrophic 
cultivation in outdoor flat plate photobioreactors. Error bars represent 
standard deviation of the three replicas made in cell counting and biomass 
determination. 
       
      Microalga Scenedesmus sp. showed a slight higher cellular 
density, with 1.61 x 106 cells.mL-1, than Monoraphidium sp., with 1.21 
x 106 cells.mL-1. Just like before, in carboy system, specific growth 
rate of Scenedesmus sp. was much lower than Monoraphidium sp., 
with values of 0.54 and 0.76 day-1, respectively. Biomass productivity, 
lipid content and lipid productivity, were also determined, with values 
of 94.50 mg.L-1.d-1, 16.40±1.40% and 15.50 mg.L-1.d-1, respectively, 
for Scenedesmus sp., and 100.36 mg.L-1.d-1, 21.4±3.45% and 21.50 
mg.L-1.d-1, respectively, for Monoraphidium sp. The results obtained 
here, for specific growth rate and biomass productivity, are higher 
than the ones that Feng, et al. (2011) obtained for microalga Chlorella 
zofingiensis cultivated in 60L FPPBs, in spring, for different initial cell 
concentrations. Also, biomass and lipid productivities results of this 
study are within the range of results of their study.  In FPPBs 
productivities and cellular densities are higher than in open systems 
and tubular reactors [28]. Lipid content was determined by Bligh&Dyer 
method, which is widely used method, with a lot and different results 
in literature. Lipid contents of 52.5, 41.1, 5.5 and 19.9 %, were 
obtained through Bligh&Dyer method from dried biomass of Chlorella 
vulgaris, Mortierella alpine, Arthrospira maxima and Crypthecodinium 
cohnii, respectively [15].  
      The results obtained for Monoraphidium sp. and Scenedesmus 
sp. cultivated in FPPBs, reveals that this system allow to produce 
more biomass than in carboy system, and in less time. Furthermore, 
specific growth rate improved 40% for Monoraphidium sp. and 26% 
for Scenedesmus sp., relatively to results obtained in carboy system. 
These results helped to confirm the efficiency of the scale-up made. 
According to Kumar & Sharma (2014), the phtotobioreactor is the 
most suitable way to cultivate microalgae, since it has a lot of 
advantages such as low operation cost, CO2 conversion high 
efficiency, high surface:volume ratio and a lower risk of contamination 
when compared with other cultivation systems. Therefore, pilot scale 
photobioreactors are considered the best system to produce biomass 
from the two microalgae in study, in order to obtain oil to produce 
biodiesel. 
      After cultivation, cells were collected by microfiltration. After this 
process, Monoraphidium sp. and Scenedesmus sp. biomass had 93 
and 88 % of humidity content, respectively. And finally, biomass was 
lyophilized, and dried biomass was obtained with a humidity content 
of 3.20±0.81% and 2.75±0.32, respectively.  
 
 

Figure 3 – Aspect cultivation of (A) Monoraphidium sp. and (B) 
Scenedesmus sp. in outdoor flat plate photobioreactors (a) at day 0 and (b) 
at day 7. 
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3.3. Effect of acid hydrolysis in oil extraction by Blgh&Dyer 
modified method     
Effect of hydrolysis in lipid extraction by Blight&Dyer modified 

method, was investigated. Figure 6 shows results obtained for both 
microalgae.  

 
 
 
 

 

 

 

 

 

 

 

       

      As we can see, extracted oil content from Monoraphidium sp. 

biomass was higher than extracted oil from Scenedesmus sp. With 

Monoraphidium sp. biomass, extracted oil content, of 23.2±0.32%, 

was higher when acid hydrolysis was made. Without this step, it was 

possible to extract 21.9±2.59% of oil. However, the associated error 

allows to confirm that there isn’t a significant difference between 

results obtained with or without hydrolysis. On the other hand, lipid 

extraction from Scenedesmus sp. biomass with acid hydrolysis was a 

lot higher than without hydrolysis, with values of 13.36±1.29% and 

5.84±1.14%, respectively. From obtained results, it’s understood that 

during extraction, methanol penetrates into Monoraphidium sp. cell 

wall in an easier way than into Scenedesmus sp. cell wall. This 

suggests that there are differences between cell walls of these two 

microalgae. According to Blumreisinger, et al. (1983), cell wall of 

Monoraphidium and Scenedesmus genera are mainly composed by 

24-74% of neutral sugars, 1-24% uronic acids, 2-16% proteins and 0-

15% of glucosamine. More common sugars are galactose, rhamnose, 

and glucose [29]. Both genera belong to green microalgae group, 

Chlorophyceae class and Sphaeropleales order.  

      However, Monoraphidium sp. belongs to Selenastraceae family, 

which is characterized by the presence of mucilage and incrustations 

on their cell wall, while Scenedesmus sp. belongs to 

Scenedesmaceae family, characterized by having a smooth and non-

ornamental cell wall [30]. Takeda (1996) investigated sugar 

composition of cell wall of Scenedesmus species, and detected the 

presence of glucose, mannose and galactose. In addition, he also 

observed that cells from all species studied, exhibited anisotropy, 

which is a characteristic associated to chemical and physical agents 

resistance. According to Blokker, et al. (1998), Scenedesmus species 

cell wall are composed by an aliphatic biopolymer highly resistant, 

named algaenan. For all of these reasons, extracted oil from 

Scenedesmus sp. biomass must have been higher when acid 

hydrolysis was done, weakening cell walls and making cells more 

susceptible to organic solvent entrance. In the same way, acid 

hydrolysis had no significant effect on lipid extraction from 

Monoraphidium sp., as cells wall don’t contain resistant elements, 

which makes it easier for solvent to penetrate it.   

 

3.4. Effect evaluation of operational variables in oil extraction  
In this experiment, the effect of temperature, time and 

biomass:ethanol ratio, were evaluated through a Central Composite 
Design (CCD), with three central points. Results of oil extraction in 
each experiment, for both microalgae, are shown in table 2. For 
experiments done with Monoraphidium sp. as well as with 
Scenedesmus sp., the highest lipid content was obtained in 
experiment 8, which correspond to the maximum conditions tested. 
The best condition was repeated in triplicate, and a content of 
13.51±1.00% for Monoraphidium sp. and 13.40±0.41% for 
Scenedesmus sp., were obtained. This allows to validate the best 
condition obtained, and also ensures the reproducibility of the 
experiment.        

 
 
 

 
 

Table 2 – Lipid content obtained, for each experiment conditions of CCD, from Monoraphidium sp. and Scenedesmus sp. biomass. Central point is represented 
by CP, and associated error represents standard deviation of the three replicas made.

 
      In figures 6 and 7, pareto and response surface diagrams, 

respectively, obtained for Monoraphidium sp. and Scenedesmus sp., 

through STATISTICA 7.0, are shown. Pareto diagram obtained for 

Monoraphidium sp, shows that all of the independent variables 

studied had statistical significance in lipid extraction, as well as their 

interaction with each other, except interaction between 

Experiment 
Biomass:ethanol ratio 

(g/mL) 
t (min) T(ºC) Lipid extraction (%/dried biomass) 

    Monoraphidium sp. Scenedesmus sp. 

1 1:4 10 30 8.58 2.87 

2 1:20 10 30 7.99 8.52 

3 1:4 90 30 5.54 2.34 
4 1:20 90 30 13.11 8.98 
5 1:4 10 90 5.48 3.16 

6 1:20 10 90 3.97 11.77 

7 1:4 90 90 1.31 2.70 

8 1:20 90 90 14.51 13.81 

CP 1:12 50 60 13.60 ± 0.87 8.08 ± 0.30 

0

5

10

15

20

25

30

Monoraphidium sp. Scenedesmus sp.

E
xt

ra
ct

ed
 o

il(
%

/d
ri

ed
 b

io
m

as
s)

 with acid hydrolysis

without acid hydrolysis

Figure 5 – Effect of acid hydrolysis in lipid extraction of Monoraphidium sp. 
and Scenedesmus sp., by Bligh&Dyer modified method. Error bars 
represent standard deviation of the three replicas made in each extraction 
experiment. 
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Figure 7 – Response surface diagrams, for (A) Monoraphidium sp. and (B) Scenedesmus sp. biomass, of lipid extracted in order of (a) temperature and 
biomass:ethanol ratio, (b) temperature and time, and (c) time and biomass:ethanol ratio. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

time and temperature. Interaction between biomass:ethanol ratio and 

time, was the one that most influence had on lipid extraction, followed 

by biomass:ethanol ratio and temperature. From effects with 

significance, only temperature had a negative effect, which means 

that, in order to optimize extraction, temperature shall be reduced, 

while the other variables shall be raised. For Scenedesmus sp., 

pareto diagram shows that only biomass:ethanol ratio, temperature 

and interaction between each other, had statistical significance. 

Furthermore, biomass:ethanol ratio was the variable that most 

influence had in oil extraction, while time had no significant effect.  

      Response surface diagrams do not show an absolute maximum, 

and this indicates that variables aren’t optimized. However, diagram 

(c) obtained for (A) Monoraphidium sp. (Figure 7), has a tendency for 

a maximum, showing that in order to optimize oil extraction, time and 

biomass:ethanol ratio should be raised. On the other hand, diagram 

(a) obtained for (B) Scenedesmus sp. (Figure 7) also seems to tend to 

a maximum point, therefore, temperature and biomass:ethanol ratio 

should be raised. As time had no significance, should be maintained 

at lower value.  

     In spite of lipid contents obtained in this experiment, being lower 

than the ones obtained with Bligh&Dyer method at the end of 

cultivation in FPPBs, this experiment shows that, through optimization 

of the variables, it’s possible to obtain a higher lipid content.  

      According to Cooney, et al. (2009), the use of high temperatures 

during oil extraction increases solvent capacity of solubilizing lipids, 

since thermal energy provided by the increase in temperature can 

overcome the cohesive (solute-solute) and adhesive (solute-matrix) 

interactions. They also analysed time effect on oil extraction from 

dried Nannochloropsis biomass, through Bligh&Dyer method, and 

found out that lipid extraction was not affected by this parameter. 

Results obtained in this study for Scenedesmus sp., are in 

accordance with the aforementioned.  

Figure 6 – Pareto diagram obtained from CCD with (A) Monoraphidium sp. and (B) Scenedesmus sp. biomass, for a confidence interval of 95%. 



8 
 

      Methanol and chloroform, used in Bligh&Dyer method, are toxic 

solvents, and therefore in this experiment, ethanol and hexane were 

chosen as extractor solvents. Despite of being less effective than 

chloroform, hexane seems to be more selective towards neutral lipids 

[31]. Ethanol is a polar solvent, that can extract polar lipids and go 

through cell wall, making TAGs more available for hexane, which is a 

non-polar solvent [32]. The use of ethanol instead of methanol, has 

advantages such as his low toxicity and the fact that can be produced 

by fermentation from lignocellulosic materials [33], contributing to a 

reduction on biodiesel production cost. 

 

3.5. Biodiesel production and FAME profile analysis 
      Biodiesel was obtained by transesterification of extracted oils, 

through Bligh&Dyer method, from Monoraphidium sp. and 

Scenedesmus sp. cultivated in outdoor FPPBs. For oil extraction, the 

best condition obtained in CCD was not employed because there 

wasn’t optimization and also because oil contents obtained were 

lower than the ones obtained by Bligh&Dyer method. After 

transesterification reaction, biodiesel yields of 97.4% and 98.9% were 

obtained from Monoraphidium sp. and Scenedesmus sp, respectively. 

These yields are in agreement with the ones reported in literature for 

biodiesel obtained by transesterification of oils. Johnson & Wen 

(2009) reported a biodiesel yield of 98.4% from transesterification of 

oil extracted from microalga Schizochytrium limacinum. The most 

abundant FAME of biodiesel obtained from Scenedesmus sp. is oleic, 

similar to what was reported from Xu, et al. (2006) for biodiesel from 

Chlorella protothecoides. According to the authors, a high content in 

C18 indicates the also high quality of biodiesel. FAME profile of 

Monoraphidium sp. biodiesel, shows a higher content in palmitic acid 

(C16), followed by oleic acid. According to Holbrook, et al. (2014), 

biodiesel obtained by transesterification of extracted oil from 

Monoraphidium sp. was mainly composed by C18:2 (48.5%), C18:1 

(26.2%) and C16:0 (16.4%), which is in concordance with the results 

obtained in the present study. Total C16 and C18 content in this study 

was of 91.26% and 88.61%, for biodiesel from Monoraphidium sp. 

and Scenedesmus sp., respectively, which is lower than content in 

biodiesel of Scenedesmus rubescens (95%) [38] but higher than 

content observed in biodiesel from Ellipsoidion sp. (83.3%) [39] [38]. It 

is known that cultivation conditions greatly influence C16 and C18 

content in biodiesel FAME profile.  

      Biodiesel from Monoraphidium sp. is mainly composed by SAFA, 

followed of MUFA and PUFA, with contents of 53.68, 24.01 and 

23.73%, respectively. In the same way, biodiesel from Scenedesmus 

sp. is composed by 44.33% of SAFA, 37.04% of MUFA and 20.62% 

of PUFA. Saturated level and FAME profile don’t have a great impact 

on biodiesel production by transesterification, however, they do have 

effect in some important properties of its use as fuel. A biodiesel with 

high content in SAFA, shows a better oxidative stability and a higher 

cetane number, but its cold properties are weak. On the other hand, a 

biodiesel with high PUFA content has good cold-flow properties, but is 

susceptible to oxidation, and therefore, shows instability problems 

during long period storage [36]. So, biodiesel obtained from 

Monoraphidium sp. and Scenedesmus sp. in this study, has a high 

cetane number and good oxidative stability.   

 

 

4. Conclusions and Future Perspectives  

      In the present study, photoautotrophic cultivation scale-up of 

microalgae Monoraphidium sp. and Scenedesmus sp., from small 

systems to outdoor FPPBs systems, was successfully done. Effect of 

acid hydrolysis in oil extraction, by Bligh&Dyer modified method, was 

investigated. It was shown that Scenedesmus sp. cell walls are 

composed by resistant elements, and therefore, acid hydrolysis is 

necessary to extract a larger amount of lipids. For Monoraphidium sp. 

cells, this step is unnecessary. In order to evaluate effect of some 

operational variables in the extraction of lipids, a composite central 

design was made. It was shown that time and biomass:ethanol ratio, 

have a positive statistical effect in oil extraction from Monoraphidium 

sp. biomass, while temperature showed to affect extraction 

negatively. For oil extraction from Scenedesmus sp., time showed no 

statistical effect, while biomass:ethanol ratio and temperature were 

statistically significant. By response surface diagrams, it was shown 

that variables were not optimized, and that, in the future, in order to 

do that, time and biomass:ethanol ratio should be raised and 

temperature decreased for Monoraphidium sp., while for 

Scenedesmus sp., temperature and biomass:ethanol ratio should be 

raised and time maintained at the lowest value.  Transesterification of 

oils extracted from both microalgae, resulted in a high yield of 

biodiesel. FAME profile revealed that biodiesel obtained has a high 

content in C16 and C18, and also a high content in saturated fatty 

acids (SAFA). Therefore, biodiesel had a good oxidative stability and 

a high cetane number, but has weak cold properties. Microalgae 

Monoraphidium sp. and Scenedesmus sp. are considered a good 

feedstock for biodiesel production. In the future, optimization of 

photoautotrophic cultivation conditions should be made, in order to 

get higher productivities. 
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